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Abstract
Background: Current knowledge about seasonal variation in the gut microbiota of vertebrates is limited to a few
studies based on mammalian fecal samples. Seasonal changes in the microbiotas of functionally distinct gut
regions remain unexplored. We investigated seasonal variation (summer versus winter) and regionalization of
the microbiotas of the crop, ventriculus, duodenum, cecum, and colon of the greater sage-grouse (Centrocercus
urophasianus), an avian folivore specialized on the toxic foliage of sagebrush (Artemesia spp.) in western North
America.
Results: We sequenced the V4 region of the 16S rRNA gene on an Illumina MiSeq and obtained 6,639,051
sequences with a median of 50,232 per sample. These sequences were assigned to 457 bacterial and 4 archaeal
OTUs. Firmicutes (53.0%), Bacteroidetes (15.2%), Actinobacteria (10.7%), and Proteobacteria (10.1%)were the most
abundant and diverse phyla. Microbial composition and richness showed significant differences among gut
regions and between summer and winter. Gut region explained almost an order of magnitude more variance
in our dataset than did season or the gut region × season interaction. The effect of season was uneven among
gut regions. Microbiotas of the crop and cecum showed the greatest seasonal differences.
Conclusions: Our data suggest that seasonal differences in gut microbiota reflect seasonal variation in the
microbial communities associated with food and water. Strong differentiation and uneven seasonal changes
in the composition and richness of the microbiota among functionally distinct gut regions demonstrate the
necessity of wider anatomical sampling for studies of composition and dynamics of the gut microbiota.
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Background
The vertebrate gut is colonized by diverse microbial
communities [1, 2]. The rapidly growing appreciation
of the microbial contribution to digestion, immune
function, development, and reproduction in vertebrates
is primarily based on studies of humans and a relatively
small number of domestic and captive species of mammals and birds [2–4]. Consequently, our knowledge of the
factors that affect the assembly and dynamics of the gut
micriobiota of wild species is limited [3, 5]. Vertebrate diets often exhibit marked seasonal variation in the composition, abundance, and nutritional quality of food resources.
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Concomitant seasonal changes in fecal microbiotas have
been demonstrated in indigenous humans [6], giant pandas
[7], squirrels [8], wood mice [9], macaques [10], and ground
squirrels [11]. However, the generality of this pattern has
not been investigated in non-mammalian vertebrates.
Seasonal variation of gut microbiota in vertebrates with
specialized diets rich in secondary plant compounds is of
particular interest because of the hypothesized functional
role of prokaryotes in the degradation and metabolism of
dietary toxins [12]. The greater sage-grouse (Centrocercus
urophasianus; Fig. 1) exhibits one of the most specialized
diets among the 10,135 extant species of birds [13, 14]. It
feeds predominately on the foliage of chemically-defended
sagebrush (Artemesia spp.) and its geographic range coincides with the distribution of sagebrush-dominated habitat
(Fig. 1) in western North America [15]. Sagebrush foliage
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Fig. 1 Lekking greater sage-grouse (top panel) and sagebrush habitat in the summer (bottom left panel) and winter (bottom right panel) in
Sublette County, Wyoming

is rich in toxic monoterpenes [16–21], phenolics [20, 22],
and sesquiterpene lactones [23] that inhibit browsing by
ungulates [24–26]. The greater sage-grouse feeds exclusively on evergreen sagebrush foliage in the winter and
browses frequently on sagebrush during snow-free
months [27]. Kohl et al. [22] recently found that relative
to domestic chickens, the cecal microbiota of the greater
sage-grouse was enriched in genes of Bacteroides,
Eggerthella and Clostridium associated with the metabolism of plant secondary compounds, especially phenolics [28]. This suggests that sage-grouse rely heavily on
specialized microbiota to cope with their toxic sagebrush diet. However, Kohl et al. [22] study was limited
to cecal samples from three specimens collected during
November–December, which precludes any conclusions
on seasonal variation in microbiota across multiple gut
regions. To date, the seasonal variation of the gut
microbiota has yet to be studied in sage-grouse or other
wild birds.
In this study we investigated the seasonal variation in
the bacterial and archaeal communities (hereafter microbiota) of the gut of the greater sage-grouse. Using nextgeneration amplicon sequencing of the 16S rRNA gene,
we sought to (i) characterize the regionalization of
microbiota of the crop, ventriculus, duodenum, cecum,
and colon within individual sage-grouse; (ii) evaluate
the seasonal differences in microbiota associated with
summer and winter diets in population samples; and
(iii) determine whether the gut microbiota of females
and males differed in composition and richness. Finally,
we address the implications of seasonality and anatomical regionalization of gut microbiota on current and
future microbiome studies.

Results
Diversity and abundance of microbial taxa

Our initial dataset included 8,755,549 sequences obtained
from 145 samples (Additional file 1). Five samples of the
original 150 were excluded due to poor DNA or PCR
yield. Filtering reduced the total number of sequences
to 6,639,051. The number of filtered sequences obtained
from single samples ranged from 1140 to 102,201 (Additional file 2) with a median of 50,232.
Filtered sequences from the pooled samples of crop, ventriculus, duodenum, cecum, and colon were assigned to
461 OTUs (Additional file 2). Four OTUs were classified
as Archaea (Euryarchaeota; Thermoplasmata; Thermoplasmatales; [Thermoplasmatales]) and 457 as Bacteria.
All OTUs were taxonomically classified in SILVA v128 16S
rRNA gene reference database [29] to order, 93.7% were
classified to family, 76.4% to genus, and 3.9% to species.
Ten bacterial phyla were present: Firmicutes was the
richest (229 OTUs) and the most abundant (53.6% of
the total CSS + Log2 OTU abundance) phylum. Other
common phyla included Bacteroidetes (73 OTUs, 15.2%
CSS + Log2 abundance), Actinobacteria (42 OTUs, 10.7%),
and Proteobacteria, (65 OTUs, 10.1%, Additional file 3).
Of 64 bacterial families, Ruminococcaceae (Firmicutes)
was the richest (80 OTUs) and the most abundant (21.0%
total CSS + Log2 abundance), followed by Lachnospiraceae
(Firmicutes; 42 OTUs, 9.8%), Bacteroidaceae (Bacteroidetes; 31 OTUs, 8.1%), and Lactobacillaceae (Firmicutes;
28 OTUs, 6.4%; Additional file 3). Among the 142 bacterial genera, Ruminococcaceae UCG-014 was the richest
and the most abundant (34 OTUs, 9.4%), followed by
Bacteroides (31 OTUs, 8.1%) and Lactobacillus (28
OTUs, 6.4%, Additional file 3).

Drovetski et al. Animal Microbiome

(2019) 1:2

Regionalization of gut microbiota

No single OTU constituted more than 1.1% of all CSS +
Log2 sequences in the pooled dataset (all gut regions of all
birds; Additional file 3). However, most OTUs occurred in
multiple gut regions: 308 of 461 OTUs (66.8%) were found
in all five gut regions, 111 OTUs (24.1%) were found in
four, 28 OTUs (6.1%) in three, 10 OTUs (2.2%) were observed in two gut regions, and only 4 OTUs (0.9%) were
detected in a single gut region (Additional file 3).
The connectivity among different gut regions was further
demonstrated by the presence of a positive abundance-occupancy relationship between the overall OTU CSS + Log2
abundance and the number of samples in which they were
detected (N samples containing an OTU = 22.58 +
0.12 × [CSS + Log2 OTU count]; adjusted r2 = 0.816, df =
459, P < 2.2 × 1016). Although the majority of OTUs occurred in all gut regions, 387 OTUs showed significantly
different CSS + Log2 abundances in different gut regions
(Additional file 3).
Our PERMANOVA results indicated that gut region,
season of collection, their interaction, latitude and longitude of collection localities had significant effects on
microbiota composition (Table 1), whereas sex, body
mass and their interactions with other explanatory variables did not. The PERMANOVA r2 value for the effect
of gut region (r2 = 0.483) was eight times larger than the
values for season (r2 = 0.055), or their interaction (r2 =
0.060), which in turn were six times larger than the values
for longitude (r2 = 0.011) and latitude (r2 = 0.010). Gut region, season of collection, and their interaction remained
the only significant variables or those with largest effects
in PERMANOVAs for individual pairs of gut regions, with
the exception of the interaction term in the ventriculuscecum pair (Additional file 4). Effects of other variables
and interactions were much smaller and only significant
in some of the pairwise comparisons between gut regions.
Season was the only significant variable or had the largest
effect in PERMANOVAs for individual gut regions. The
effect of the gut region in PERMANOVAs within season
was more than 21 times greater than the effect of longitude, which was the only other variable that had a
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significant effect in both summer and winter samples
(Additional file 4).
The clusters of data points for crop and cecum samples did not overlap in the bivariate PCoA plot and displayed limited overlap with those of the ventriculus,
duodenum, and colon (Fig. 2). Pairwise PERMANOVA
r2 values (Additional file 4) corresponded to the degree
of overlap among gut region clusters in the PCoA plot
(Fig. 2). Furthermore, LEfSe indicated that crop and
cecum microbiotas had larger numbers of distinguishing taxa than other gut regions (Fig. 3, Additional file
5). Significantly higher abundances of the genera Lactobacillus, Mycoplasma, and unclassified genera of Pasteurellaceae and Leptotrichiaceae were likely responsible
for the observed differences between microbiotas of the
crop and other gut regions. The cecum microbiota was distinguished by overrepresentation of two Clostridia families:
Ruminococcaceae and Lachnospiraceae, order Bacteroidales
including Alistipes, Synergistaceae, Oxalobacter, and unclassified genera of Coriobacteriaceae and Flavobacteriaceae. LEfSe failed to identify any distinguishing taxa from
the ventriculus microbiota. The duodenum microbiota was
distinguished by an overrepresentation of Staphylococcus
and unclassified genera of Erysipelotrichaceae and Veillonellaceae. The colon microbiota was distinguished by
higher abundances of the phylum Actinobacteria, an
unclassified genus of Lachnospiraceae, and Helicobacter.
Gut regions also differed in microbial richness (Fig. 4).
The cecum had the richest microbiota (x = 247.4 ± 12.7
OTUs per sample), followed by ventriculus (x = 209.1 ±
52.3 OTUs per sample), colon (x = 198.9 ± 69.4 OTUs per
sample), duodenum (x = 130.7 ± 54.0 OTUs per sample),
and crop (x = 88.0 ± 34.0 OTUs per sample). Linear mixed
model regression accounting for the matched design by
individual revealed that gut region (P < 2.200 × 10− 16) and
season (P = 0.039) were significantly associated with
microbiota richness (Fig. 4a) in a model also accounting
for sex, longitude, latitude, and body mass (Additional
file 6). Neither sex (P = 0.936), longitude (P = 0.339),
latitude (P = 0.562), nor body mass (P = 0.829) were significantly associated with microbiota richness. Other

Table 1 PERMANOVA results comparing the effect of the gut region, season, and geographic coordinates on the weighted UniFrac
distances among all samples
df

Sum of Squares

Mean Squares

F

r2

Pr(>F)

Season

1

0.07149

0.07149

19.145

0.055

0.001

Gut region

4

0.62872

0.15718

42.091

0.483

0.001

Longitude

1

0.01449

0.01449

3.879

0.011

0.005

Latitude

1

0.01262

0.01262

3.379

0.010

0.018

Season × Gut Region

4

0.07794

0.01949

5.218

0.060

0.001

Residuals

133

0.49666

0.00373

Total

144

1.30192

0.381
1.000

Crop−Sep
Crop−Dec
Crop-Median

Ventriculus−Sep
Ventculus−Dec
Ventriculus-Median
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Duodenum−Sep
Duodenum−Dec
Duodenum-Median

Cecum−Sep
Cecum−Dec
Cecum-Median
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Colon−Sep
Colon−Dec
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Fig. 2 Plot of the principal coordinate analysis of gut microbiota based
on weighted UniFrac distances (n = 145 samples)
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α-diversity indices revealed similar patterns of variation
among gut regions and seasons (Fig. 4b-d; Additional
file 7).
Gut region was significantly associated with microbiota richness in all subsets restricted to pairs of gut regions or single seasons except the ventriculus - colon
pair (Table 2). The season was significantly associated
with microbiota richness in all five subsets that include
duodenum (four gut region pairs and duodenum) and
body mass in three of five subsets that include duodenum (crop – duodenum, duodenum – cecum, and duodenum). The effect of sex, geographic coordinates, or
individual was not significantly associated with microbiota richness in any subsets.
The cecum samples displayed lower variability than
samples from other gut regions. The size of the cecum
cluster in the PCoA plot (Fig. 2) was much smaller than
the clusters formed by samples from other gut regions.
The average distance to centroid (Fig. 5) for the cecal
samples (summer: 0.029, winter: 0.031) was significantly
lower than the distances (summer: 0.051–0.066, winter:
0.055–0.076) for the other four gut regions during both
seasons (Additional file 8). The average distances to centroid for the other four regions did not differ significantly from each other.

19

Seasonal variation of the greater sage-grouse microbiota
4
5

18
17

16

6

15
7

14
12 11
13

10 9
Crop
Duodenum

8
Cecum
Colon

Fig. 3 LEfSe results illustrating the lowest-level nested taxa from
phylum to genus associated with significant differences in
microbiota composition among gut regions: 1 Bacteroidales, 2 Alistipes,
3 uncl. Flavobacteriaceae, 4 Staphylococcus, 5 Lactobacillus, 6
Lachnospiraceae, 7 uncl. Lachnospiraceae, 8 Ruminococcaceae
UCG014, 9 Eubacterium coprostanoligenes group, 10 uncl.
Ruminococcaceae, 11 uncl. Erysipelotrichaceae, 12 uncl. Veillonellaceae,
13 uncl. Leptotrichiaceae, 14 Oxalobacter, 15 Helicobacter, 16 uncl.
Pasteurellaceae, 17 Synergistaceae, 18 Mycoplasma, 19 Actinobacteria, 20
uncl. Coriobacteriaceae. LDA scores for individual OTUs and nested
higher-level taxa are presented in Additional file 5

Microbial richness of the crop, duodenum, and cecum
was significantly higher in the summer than in in the
winter (Fig. 4). The significant interaction between the
gut region and season (Table 1) indicated that season
disparately affected the microbiota composition of different gut regions. The strength of seasonal effects (Table
1) was lower in the ventriculus (r2 = 0.141), duodenum
(r2 = 0.186), and colon (r2 = 0.172) samples than for
those from the cecum (r2 = 0.262) and crop (r2 = 0.321).
PCoA plots showed that clusters of summer and winter
samples were non-overlapping for all gut regions and
average distances to centroid did not differ between seasonal clusters except for the duodenum (Fig. 6). However, the distance between centroids of the seasonspecific clusters was greater than the intra-cluster mean
distances only for the crop and cecum.
LEfSe identified 109 genera whose abundance differed
significantly between season in at least one gut region
(Additional files 9 and 10). Twenty-eight bacterial genera, likely acquired from food, water, or grit, were relatively more abundant in summer samples, primarily in
the crop (22 of 28 genera). Among host-associated bacteria, 36 genera were overrepresented in the summer and
38 in the winter. Four of 36 genera (Methanogranum, unclassified Clostridiales vadinBB60 group, Turicibacter, and
unclassified Synergistaceae) were overrepresented in
all five gut regions in the summer, whereas only two
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Fig. 4 Box plots of microbiota α-diversity indexes for gut regions by season: (a) richness (number of observed OTUs), (b) abundance and evenness
(Shannon index), (c) minimum total length of all phylogenetic branches in the community (Faith’s Phylogenetic Diversity index), (d) abundanceweighted evolutionary distinctiveness (AED). Wilcoxon Signed Rank test P-values identified as follows: *** P ≤ 0.001, ** 0.001 < P ≤ 0.01, * 0.01 < P ≤ 0.05

(Olsenella and unclassified Pasteurellaceae) of 38 genera were overrepresented in all five gut regions in the
winter.

Discussion
Our study provides robust evidence that the greater sagegrouse microbiota exhibits significant regionalization
among gut regions. Gut region explained an order of
magnitude more variance in microbiota composition than
seasonal effects. A significant interaction effect between
gut region and season revealed by our analyses reflects
idiosyncratic patterns of seasonal changes in microbial
communities of different gut regions. Microbiota richness
also differed among gut regions and was significantly
higher in the summer than in the winter in three of the
five sampled gut regions. At the same time, latitude and
longitude had limited effects on microbiota richness.
We failed to identify any differences between the gut
microbiota of females and males or a correlation between
OTU richness and body mass of grouse specimens.
The overall composition of the sage-grouse gut microbiota appears similar to the microbiota of other birds [3,
5, 30, 31]. Firmicutes, Bacteroidetes, Actinobacteria, and

Proteobacteria accounted for 90% of all CSS-normalized
and Log2-transformed reads and 89% of all OTUs in our
dataset. Unfortunately, the lack of standardized protocols in avian microbiota studies [30] and nearly exclusive
use of fecal or cloacal samples [3] prevent detailed comparisons of our data with most of previously published
studies. The few studies that have sampled multiple gut
regions involved poultry or captive birds fed artificial diets: domestic chickens [32–35], captive Attwater’s prairie
chickens Tympanuchus cupido attwateri [36], and farmed
ostriches Struthio camelus [37]. A recent study sampled
three gut regions from the frozen carcasses of eight species of wild birds (a total of 32 individuals) in Venezuela
[38]. Uncertainties about the effects of freezing prior to
microbial sampling, sampling protocols, and small sample
sizes make it difficult to draw any comparisons with our
sage-grouse results.
The best comparative data are provided in a recent
study [39] of wild Canada geese (Branta canadensis) that
employed the same sampling and lab protocols, sequencing platform, and raw data filtering used in our sagegrouse analysis. We found striking similarities in patterns of microbiota richness and regionalization among
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Table 2 P-values for log likelihood tests of linear mixed model regressions for relationships of observed number of OTUs with
season, sex, gut region, geographic coordinates, body mass, and accounting for the matched design by individual. Complete
outputs of statistical tests are presented in Additional file 6
Subset

Season

Sex

Gut region

Longitude

Latitude

Body mass

Individual

All samples

0.039

0.936

< 0.001

0.339

0.562

0.829

1.000

Crop - Gizzard

0.598

0.265

< 0.001

0.132

0.308

0.434

0.251

Crop - Duodenum

< 0.001

0.194

< 0.001

0.849

0.900

0.003

1.000

Crop - Cecum

0.068

0.627

< 0.001

0.096

0.407

0.601

0.872

Crop - Colon

0.491

0.866

< 0.001

0.401

0.567

0.834

0.978

0.898

< 0.001

0.644

0.139

0.511

0.806

0.873

0.123

< 0.001

0.140

0.184

0.136

0.329

Ventriculus - Colon

0.875

0.495

0.464

0.302

0.485

0.192

0.426

Duodenum - Cecum

< 0.001

0.295

< 0.001

0.689

0.697

0.019

0.064

Duodenum - Colon

0.035

0.341

< 0.001

0.884

0.969

0.325

0.616

Cecum - Colon

0.888

0.966

< 0.001

0.593

0.739

0.486

0.785

Crop

0.087

0.962

NA

0.210

0.412

0.363

NA

Ventriculus

0.795

0.232

NA

0.261

0.181

0.213

NA

Duodenum

< 0.001

0.176

NA

0.627

0.676

0.006

NA

Cecum

0.617

0.264

NA

0.242

0.636

0.504

NA

Colon

0.985

0.888

NA

0.721

0.827

0.581

NA

September

NA

0.074

< 0.001

0.314

0.096

0.138

1.000

December

NA

0.084

< 0.001

0.091

0.082

0.091

1.000

Distance to centroid

Summer F(4,67) = 12.333, P = 1.782 x 10-7

0.02 0.04 0.06 0.08 0.10 0.12

Distance to centroid

0.026

Ventriculus - Cecum

0.02 0.04 0.06 0.08 0.10 0.12

Ventriculus - Duodenum

Winter F(4,68) = 9.054, P = 6.355 x 10-6

Crop

Ventriculus Duodenum

Cecum

Colon

Fig. 5 Differences in β-diversity dispersion (average distance to median)
among gut regions in summer (top) and winter (bottom). Results
of Tukey’s multiple comparison tests are presented in Additional file 8

gut regions in sage-grouse and geese. We observed 461
OTUs in sage-grouse compared to 421 in geese. The
cecum had the richest but least variable microbiota in
both geese and sage-grouse. The considerably longer retention time of digesta in the cecum, relative to other
gut regions [40, 41], permits cecal microbial communities to stabilize and is likely the cause for the reduced
variability observed among individuals.
Despite the strong positive abundance-occupancy relationship and low proportion of OTUs restricted to one or
two gut regions in sage-grouse and geese, gut regions exhibited significant differences in their microbiota composition. In both studies, the cecum and crop/esophagus had
the most distinctive microbiotas. Pasteurellaceae and Leptotrichiaceae were overrepresented in the crop/esophagus,
whereas Staphylococcaceae were overrepresented in the
duodenum of geese and sage-grouse. Ruminococcaceae
were overrepresented in the cecum of both species and so
were at least some OTUs from Coriobacteriaceae, Bacteroidaceae, Prevotellaceae, and Rikenellaceae. Compositional differences among gut regions are likely related to
their functional differences [40–43] which impose strong
selection on microbiota despite the bidirectional flow of
digesta among gut regions [40, 42, 44].
Kohl et al. [22] investigated the cecal microbiota of three
individuals of greater sage-grouse with shotgun metagenomic sequencing. The authors provided little information
on the taxonomic composition of the cecal microbiotas,
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0.15

Fig. 6 Plots of principal coordinate analyses based on weighted UniFrac distances among individual samples within each gut region: (a) crop, (b)
ventriculus, (c) duodenum, (d) cecum, (e) colon

but listed Bacteroides (19.2% of reads), Prevotella (9.6%),
and Clostridium (9.1%) as the most abundant genera. Our
sage-grouse cecal results for these genera (10.5, 0.4, 0.0%,
respectively) were significantly different from those reported by Kohl et al. [22] but were similar to the abundances reported for Canada geese (9.5, 2.9, and 0.3%)
[39] and Japanese rock ptarmigan (8.1, 2.1, 0.0%) [45].
Furthermore, Arthrobacter (Actinobacteria: Micrococcaceae), which Kohl et al. [22] reported as the main source
of genes degrading toxic phenols and catechols in the
sage-grouse cecum, was not present in any of our sagegrouse cecal samples, nor were they detected in rock
ptarmigan or geese ceca. These discrepancies highlight
the need for additional metagenomic analyses of our
samples.
Our study appears to be the first to evaluate seasonal
microbiota changes in multiple gut regions of a wild vertebrate. Seasonal changes were most pronounced in the
crop and cecum microbiotas. The crop is the most anterior of the sampled gut regions and serves as storage
organ for consumed foliage before it is released into the
ventriculus. We suspect that the pronounced seasonal
changes of crop microbiota may be due to marked seasonal variation in the microbial communities of ingested

foliage, water, soil, and arthropods as influenced by
temperature and snow cover. The paired intestinal ceca
are of crucial importance for nutrition in grouse (Aves:
Tetraoninae) and are thought to be an adaptation for
processing large quantities of poor quality foods [44].
The finely-ground, soluble, and readily digestible forage
is shunted to the ceca while large indigestible fragments
are rapidly excreted from the gut. The ceca serve as the
primary site for the reabsorption of salts and water, and
the breakdown of complex carbohydrates (i.e., dietary
fiber) and uric acid into volatile fatty acids and ammonia
via microbial fermentation [40, 46, 47]. In contrast to
other gut regions, ceca size fluctuates substantially in response to seasonal and even short-term changes in diet,
increasing concomitantly with the increase of fiber content in forage [40, 46, 47] or when energy demands increase and food quality decreases [44]. Our data suggest
that cecal microbiota composition and richness change
in response to seasonal diet variation to a greater degree
than those of other gut regions distal to the crop.

Conclusions
Our findings add to a small but rapidly growing body of
work that has demonstrated spatial structuring of microbial
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communities in functionally distinct gut regions of vertebrates: catfish [48], snakes [49], rodents [50], and birds
[32–34, 36–39, 51]. Collectively, these analyses suggest
that fecal samples alone may be poor predictors of total
microbial diversity and abundance in the vertebrate gut.
Our study contributes an additional caveat by discovering
uneven seasonal changes in microbiota composition and
richness among functionally distinct gut regions. These
findings together with the independence of region-specific
microbiota variation among individuals [39] strongly suggest that future studies of gut microbiota ecology and evolution should sample functionally distinct gut regions in
addition to fecal or cloacal samples.

Methods
Microbiota sampling

Greater sage-grouse specimens were collected in Wyoming at the end of phenological summer in Sublette
County (19–22 September 2016, n = 15) and during
phenological winter (16–20 December 2016) in Natrona
(n = 5) and Sublette (n = 10) counties (Fig. 1). Detailed
data on voucher specimens deposited in the National Museum of Natural History are provided in the Additional
file 1.
Greater sage-grouse show marked sexual dimorphism
in external measurements and body mass [15]. We measured body mass with a digital scale to the nearest gram
before microbiota sampling. Males (x = 2284 ± 298 g;
n = 14) included in this study were significantly heavier
than the females (x = 1226 ± 151 g; n = 16; Wilcoxon
W = 0, P = 3.541 × 10− 6). Although we did not measure
the size or weight of gut regions in individuals, we assumed that luminal volume of different gut regions
(e.g., cecum) was correlated with body mass [52].
We sampled five gut regions: crop, ventriculus, duodenum, cecum, and colon [53]. Specimens were put on ice
soon after collecting and were kept on ice and processed
the same day. We used sterile single-use polyester-tipped
applicators with a plastic shaft (Fisher Scientific, Hampton, NH, USA) to sample microbiota from the crop, ventriculus, and colon. Applicators were inserted through a
small incision made with a sterile scalpel blade in the
crop and ventriculus. For colon sampling, applicators
were inserted approximately 30 mm into the colon
through the cloaca. Applicators were gently swirled in the
lumen and then rubbed on the mucosal lining. Immediately after sampling, applicator ends were snapped off in
sterile collection vials, capped, and submerged in liquid
nitrogen.
The duodenum and cecum (one side) were sampled by
isolating a ~ 25 mm section of the respective gut region
with two sterile surgical hemostats. We then injected 1
mL of sterile water (HyPure molecular biology grade
water, GE Healthcare Life Sciences, Logan, UT, USA)
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into the isolated section with a sterile single-use syringe.
The water was drawn in and out of the syringe three
times to ensure mixing of the intestinal contents. The
resulting lavage mixture was immediately transferred
into a sterile collection vial, capped, and submerged in
liquid nitrogen. All samples were kept in liquid nitrogen
until DNA extraction.
Molecular procedures

Prior to DNA extraction, vials were centrifuged at 2 ×
104 G for 20 min and the supernatant was removed with
a pipette using sterile filter tips. Total genomic DNA was
extracted using the PowerSoil DNA Isolation Kit (Mo Bio
Laboratories, Carlsbad, CA, USA) and cleaned with the
PowerClean Pro DNA Clean-Up Kit (Mo Bio Laboratories, Carlsbad, CA, USA) to remove PCR inhibitors.
We amplified and sequenced the V4 region of the 16S
rRNA gene (252–254 bp) from Bacteria and Archaea
using primers 515FB and 806RB [54], following procedures outlined in the Earth Microbiome Project 16S
protocol [54, 55]. Detailed description of PCR conditions, library preparation, and sequencing on an Illumina MiSeq (Illumina, Inc., San Diego, CA, USA) are
provided in Drovetski et al. [39].
Illumina data processing

Raw Illumina data processing included joining of forward and reverse reads (join_paired_ends.py), demultiplexing (split_libraries_fastq.py), and quality filtering (Phred
score Q ≥ 30, max barcode error = 0, min length = 200 bp)
using the Quantitative Insights Into Microbial Ecology
(QIIME) pipeline v1.9.0 [56].
We used UCHIME [57] to identify and remove chimeric
sequences against the ChimeraSlayer reference database
(version ‘microbiomeutil-r20110519’). The remaining sequences were aligned in PyNAST [58] and taxonomically
classified using Bayesian RDP Classifier [59] trained with
the SILVA v128 16S rRNA gene reference database [29].
Aligned sequences were clustered into operational taxonomic units (OTUs) at 3% divergence [29, 60], GenBank
accession numbers of sequences that matched OTUs in
our dataset were retrieved from the SILVA v128 database.
We classified OTUs as host-associated or likely obtained
through environmental sources (e.g., water, soil, plants, arthropods, etc.) from ‘isolation source’ metadata in GenBank entries and references for accession numbers and
their closest matches (99% identity).
Singleton sequences and OTUs with an overall relative
abundance < 0.01% were filtered out to reduce the likelihood of sequence artifacts affecting downstream diversity metrics [61]. We also excluded OTUs classified
as Mitochondria, Eukaryota, Chloroplast, and those of
unknown origin. We constructed an UPGMA tree of
remaining OTU representative sequences in Geneious
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11.1.4 (Biomatters Ltd., Auckland, New Zealand). We
cumulative sum scaled [62] and Log2-transformed OTU
abundances (CSS + Log2 OTU abundances) to account
for variation in sequencing depth among samples [63]
and non-normal distribution of abundances among
OTUs in Calypso 8.10 [64]. All statistical analyses were
based on CSS + Log2 OTU abundances.
Data analyses

We constructed rarefaction plots (Additional file 12) with
R package Vegan 2.4–4 [65] to ensure our sequencing
depth was sufficient and OTU accumulation curves in
Microsoft Excel v14.7.7 to evaluate sampling effort of individual birds (Additional file 12). We used QIIME for α
and β-diversity analyses. We calculated all available α-diversity indexes (alpha_diversity.py). We also calculated
abundance-weighted evolutionary distinctiveness (AED)
[66] in the R package BAT (https://cran.r-project.org/web/
packages/BAT/). Differences in OTU abundances among
gut regions were tested using non-parametric KruskalWallis tests (group_significance.py).
We calculated weighted UniFrac distances [67] among
individual samples and conducted PCoA (beta_diversity_through_plots.py) to compare microbiota composition. Weighted UniFrac distances were also used in the
Permutational Multivariate Analysis of Variance (PERMANOVA) [68] implemented in R package Vegan 2.4–4 [65]
to test for the effect of the gut region (crop, ventriculus,
duodenum, cecum, and colon), season (summer and winter), sex (male and female), geographic coordinates, body
mass, and their interactions on microbiota variation
among samples. Effect of the same variables on microbiota
richness was evaluated using linear mixed model regression accounting for the matched design by individual
grouse specimen. Their significance was determined by log
likelihood tests.We used R version 3.3.3 (http://www.Rproject.org) to generate Principal Coordinate Analysis
(PCoA) and box plots. We modeled the abundance-occupancy relationship [69, 70] by regressing prevalence of
OTUs on their total abundance. Paired Wilcoxon Signed
Rank tests were used to compare richness among gut regions, body mass of males and females, and F-tests were
used to compare variance of the PCoA scores among gut
regions. Radar plots were made in Microsoft Excel v14.7.7.
We used the Linear Discriminant Analysis effect size
(LEfSe) algorithm implemented in the LEfSe software
package [71] to identify microbial taxa that best explained
microbiota differences among gut regions and seasons.
LEfSe consists of three consecutive steps: (i) KruskalWallis tests to identify taxa with significantly different
abundances among groups, (ii) a pairwise Wilcoxon
Signed Rank test to select the subsets of taxa overrepresented in only a single group, and (iii) Linear Discriminant Analysis to estimate the effect size of each taxon.
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Additional file 1: Voucher specimens deposited at the National Museum
of Natural History (Smithsonian Institution), sample IDs for different gut
regions, sex, age, and locality data for birds used in this study. (XLSX 57 kb)
Additional file 2: Distribution of raw OTU counts among gut regions and
individual samples. (XLSX 323 kb)
Additional file 3: Taxonomy and distribution of CSS-normalized and
Log2-transformed OTU counts among gut regions and individual
samples. (XLSX 491 kb)
Additional file 4: Results of PERMANOVAs for the effect of the season,
sex, gut region, longitude, latitude, body mass, and their interactions on
the weighted UniFrac distances among samples in different subsets of
data. (XLSX 58 kb)
Additional file 5: LEfSe scores and FDR-corrected P-values for microbial
taxa most likely responsible for differences among gut regions. (XLSX 15 kb)
Additional file 6: Results of the log likelihood tests of the mixed linear
models for the association between OTU richness and season, sex, gut
region, longitude, latitude, body mass, and individual in different subsets
of data. (XLSX 21 kb)
Additional file 7: Alpha diversity indices, season, sex, gut region, longitude,
latitude, and body mass for individual samples. (XLSX 68 kb)
Additional file 8: Results of Tukey’s multiple comparison tests for βdiversity dispersion (differences in average distance to multidimensional
median) among gut regions in different seasons. (PDF 44 kb)
Additional file 9: Radar plots summarizing LEfSe results at the genus
level. Each radial line represents a genus significantly overrepresented
in summer (top) and winter (bottom) microbiota. The scale and distance
from the center of the plot to a data point represents the Log10 (LDA score).
Point colors represent different gut regions according to the legend. Blue
font of the generic names indicates environmental genera. Gray font shows
genera with different seasonal assignments in different gut regions. Bold
black font identifies genera with consistent seasonal differences in all five
gut regions. Regular black font identifies genera with seasonal abundance
differences in at least a single gut region. LDA scores for individual OTUs
and nested higher-level taxa are presented in Additional file 10. (PDF 369 kb)
Additional file 10: LEfSe scores and FDR corrected P-values for microbial
taxa most likely responsible for differences between summer and winter in
each gut region. (XLSX 66 kb)
Additional file 11: Rarefaction plots for individual samples in each gut
region. (TIF 2081 kb)
Additional file 12: OTU accumulation plots. Individual birds were added
in the order they were sampled. (PDF 124 kb)
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